As obligate intracellular parasites, viruses need to hijack their cellular hosts and reprogram their machineries in order to replicate their genomes and produce new virions. For the direct visualization of the different steps of a viral life cycle (attachment, entry, replication, assembly and egress) electron microscopy (EM) methods are extremely helpful. While conventional EM has given important information about virus-host cell interactions, the development of three-dimensional EM (3D-EM) approaches provides unprecedented insights into how viruses remodel the intracellular architecture of the host cell. During the last years several 3D-EM methods have been developed. Here we will provide a description of the main approaches and examples of innovative applications.
(4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid) and PIPES (piperazine-N,N I -bis(2-ethanesulfonic acid)) are, for instance, among the most widely used.
Figure 1.
Schematic representation of the different methods for preparing virus-infected cells for electron microscopy (EM). Adherent cells can be either chemically fixed with aldehydes (A) or fast frozen by high-pressure freezing (HPF) or plunge/jet freezing (B). (A) After chemical fixation, infected cells can be further processed as a cell monolayer (grown on glass coverslips) or be pelleted prior to further processing for EM. Post-fixation is done with heavy metals (e.g., osmium tetroxide (OsO 4 ) and uranyl acetate (UA)), samples are dehydrated with increasing concentrations of an organic solvent (e.g., ethanol or acetone) and embedded into a plastic resin (plastic-EM; highlighted in green). Coverslips must be removed from the polymerized resin block by successive immersions in liquid nitrogen and hot water; (B) For rapid immobilization of cells by HPF, they must be grown as monolayers on sapphire (or aclar, not shown) discs, which are clamped in-between two aluminium planchettes and then loaded into a HPF machine for rapid freezing. Alternatively, cell pellets are directly placed into the aluminium planchettes or into capillary tubes (not shown) for freezing. Frozen cells can be subjected to freeze substitution (FS), dehydration with an organic solvent and resin embedding (plastic-EM; highlighted in green). Alternatively, high-pressure frozen cell pellets can be further analyzed by CEMOVIS (cryo-electron microscopy of vitreous sections) (cryo-EM, highlighted in violet). Cells growing on EM grids can be also plunge/jet frozen and analyzed directly by cryo-EM (highlighted in violet). Both cryo-EM approaches, which do not require further processing of the cells, allow visualizing cells in their closest-to-native status. Further details about these approaches can be found in the main text.
Unfortunately there is not a general recipe for chemical fixation. The best results require adaptations to individual experimental conditions. Therefore, we recommend consulting an EM specialist or check the literature to help you to choose the optimal conditions (including type and concentration of the aldehyde; type, concentration and pH of the buffer; time and temperature for fixing), tailored for your experiments.
Upon fixation cells are washed with the buffer of choice, in which cells can be stored at 4 ¥ C until further processing. Note that cultured cells can be prepared for EM as monolayers or as pellets ( Figure 1A ). When the cells are further processed as pellets, they must be scraped off the cell culture dish after fixation if they are not growing in suspension. Alternatively, for cryo-EM cultured cells can be "trypsinized" before fixation ( Figure 1B ). It should be kept in mind that pelleting of the cells alters their morphology and can lead to artifacts (Figure 2) . Therefore -whenever possible-we highly recommend the use of cell monolayers grown on flat supports such as coverslips (to be used for chemical fixation; Figure 2A ,B), sapphire discs (for high pressure freezing; Figure 2C ) or on EM grids (for cryo-EM; Figure 1 ).
Figure 2. Impact of different fixation methods on the morphology of double membrane vesicles (DMVs)
induced by Hepatitis C Virus (HCV). (A) Huh7 cells grown on sapphire discs were infected with HCV and processed after chemical fixation by high pressure freezing (HPF) and freeze substitution (FS); (B) Huh7 cells were transfected by electroporation with a subgenomic HCV replicon RNA and 48 h later subjected directly to HPF-FS without chemical fixation. DMVs were also found in high abundance in these samples excluding that they are an artifact caused by chemical fixation. Also note the minimal extraction of the cytosol surrounding the DMVs and their content in comparison to chemically fixed cells; (C) HCV-infected Huh7.5 cells grown on coverslips were chemically fixed and then embedded in epon; (D) Huh7.5 cells were infected with HCV and 48 h later cells were fixed, scraped off the culture dish and sedimented by gentle centrifugation prior to embedding of the cell pellet in epon resin. Note the "fried-egg"-like morphology of the DMVs observed in chemically fixed cells (C,D), in comparison to the very well-delineated membranes of cells subjected to HPF (A,B). EM micrographs were taken with permission from Romero-Brey et al. [20] .
The main drawback of chemical fixation is that it alters the structure of the cell by forming a network of cross-linked molecules. Such a network is prone to artifacts, which is a major challenge for most EM-based studies (for a detailed discussion on this topic see [21] ). Nevertheless, chemical fixation has been a mainstay of EM for decades as it preserves the cell morphology reasonably well. Indeed Dubochet and others [22, 23] have shown that the major organelles of well-studied cells look essentially the same in chemically and non-chemically fixed cells. Along these lines, the overall appearance of the Hepatitis C Virus (HCV)-induced double membrane vesicles (DMVs) is strikingly similar between specimens prepared with different methods (Figure 2 ) [20] .
As already pointed out by Small 34 years ago [24] , the majority of ultrastructural alterations might occur during the post-fixation processing of the samples for embedding (described below), rather than during fixation. Thus, a tailored protocol must be designed for the highest preservation of cells/tissue of interest, including both optimal fixation and post-fixation conditions.
Cryo-Fixation
Freezing techniques represent an alternative to the artifact-prone chemical fixation (reviewed in [25] ). The basic principle is to arrest cells by rapid cooling, a process that takes a few milliseconds, resulting in the simultaneous stabilization of all cellular components without altering their environment. The simplest method consists of immersing cells growing on EM grids in liquid ethane or propane, by means of plunge [26, 27] and jet freezing [28] [29] [30] [31] [32] , respectively ( Figure 1B ). An inherent limitation of these rapid cooling approaches is that samples can only be vitrified to a depth of micrometers from their surface [33] [34] [35] . This lies in the poor heat conductance of water: high superficial cooling rates rapidly decay within the sample, reaching a low value that causes water crystallization [36] [37] [38] . Ice crystals alter the cytoplasm ultrastructure by inducing phase segregation between water and solutes [37, 39] . Even worse, growing ice crystals might lead to the formation of holes in membranes and destroy organelles [40] .
A way of preventing ice formation is pre-incubating the biological samples with anti-freeze agents to reduce the concentration of free water, such as sucrose, glycerol, DMSO or various polymers. However, the use of these cryoprotectants introduce alterations in the original cytoarchitecture [40] . Thus, the unique means to preserve cells in its native state in absence of cryoprotectants is to freeze them in such a way that the water of the living cells turn into vitreous ice [37] . This can be achieved by high pressure freezing (HPF) [41] , with which the vitrification depth can be increased more than 10-fold (up to 200 µm) in comparison with plunge and jet freezing ( [38, 42] , reviewed in [43] ). Using high pressure (~2000 bar) prevents the expansion of water, lowering its freezing point, increasing the freezing rate and reducing the crystallization rate of ice (reviewed in [25] ). Note that, however, for highly hydrated tissues or cell suspensions, vitrification may require indeed the use of cryoprotectans prior to high pressure freezing (e.g., soaking the samples in a non-penetrating cryoprotectant such as 20% dextran (w/v); [44] ).
In the case of HPF, owing to the high pressures used for freezing, cells must be grown on resistant supports like sapphire [45, 46] or aclar [47] [48] [49] discs ( Figure 1B ). Sapphire discs are normally carbon coated to improve cell attachment and this carbon coat serves as a predetermined breaking layer after sample embedding into resin [50] . Sapphire/aclar discs can be subsequently frozen by assembling them between two aluminium planchettes. Pelleted cell suspensions resuspended in e.g., dextran, can be also placed between two planchettes for freezing. Alternatively pellets can be frozen in small tubes as described by Hohenberg et al. [51] , where the cells are loaded by capillary forces.
Combination of Chemical and Cryo-Fixation
Handling of infectious specimens such as viruses requires working under strict biosafety level (BSL) conditions, which is particularly important when working with human samples. Since equipment for sample preparation and EM analysis is rarely available in high containment biosafety laboratories, samples must be inactivated before leaving these facilities, which is achieved by chemical fixation. Note, however, that few BSL laboratories in the world are equipped with freezing devices, as well as with cryo-microscopes (e.g., [52] ), where examination of virus-infected cells can be performed in their most genuine state. Chemically inactivated samples can be also subsequently subjected to cryo-fixation outside the BSL laboratory. Although this double-fixation sounds redundant, as reported for the Flock House Virus (FHV) [53] this combination can result in an even better preservation of the subcellular structure as compared to samples preserved by chemical fixation alone. Along the same lines, we have also recently shown that this fixation technique leads to an excellent preservation of the DMVs induced by HCV [20] (Figure 2 ). In fact, GA fixation prior to HPF (Figure 2A ) resulted in a preservation of the DMVs close to that found in cryo-fixed cells ( Figure 2B ) and was superior to that obtained by conventional chemical fixation alone (Figure 2C,D) . Note that this hybrid method provides a more near-to-native morphology of the DMVs, depicting well-delineated membranes, compared to the "fried-egg"-like DMVs observed within chemically fixed cells. It is important to bear in mind, however, that this "fried-egg" appearance might be due to the performance of the dehydration at room temperature, instead of at 4 ¥ C, that it has been shown to reduce the loss of lipids [15] and might, therefore, result in attaining smoother membranes. This alternative dehydration protocol has been successfully used, for instance, to study the Rubella Virus factories [54] . In our hands this hybrid method also caused a slight extraction of the cytosol, thus enhancing visibility of the membrane layers (Figure 2A ). For all these reasons, we recommend to use the combination of these methods rather than chemical fixation alone. However, a note of caution should be added that aldehyde pre-fixation might change the morphology of some cell organelles as previously reported [55] .
Embedding of Cells

Embedding of Chemically Fixed Cells
After chemical fixation, cells must be further processed in order to analyze them by EM. Due to their low electron scattering power biological samples are inherently of low contrast [56] . Therefore, heavy metals like osmium tetroxide (OsO 4 ) and uranyl acetate (UA), with high affinity to many cellular structures, are used after fixation as contrasting agents in routine EM. Owing to its reactivity with unsaturated acyl chains of membrane lipids OsO 4 , for instance, facilitates the retention of lipids [57, 58] , in addition to its role in contrasting structures (especially membranes). Similarly, Silva et al. [59] have shown that UA plays a role in protecting lipids against solvent extraction. Furthermore, OsO 4 also acts as a protein fixative [60] . However, when used at room temperature acts more like a protease [61] . For this reason it is highly recommendable to post-fix the samples with low concentration of OsO 4 on ice (at 0 ¥ C) [61] . Note also that due to the harmful effect of OsO 4 on antigens [14] , osmicated cells can still be used for subsequent immunocytochemical approaches [62] , but it is not the first choice.
Subsequently cells are embedded in resins. Conventional plastic embedding requires resins with heat-induced (above 50 ¥ C) polymerization such as epoxy resins, which are often used since their first introduction in the 1950s [63] . Due to their extremely hydrophobic nature cells/tissues must be completely dehydrated in a series of ascending protein denaturing solvents (e.g., ethanol) before infiltration ( Figure 1A ). The resulting high degree of covalent interaction between epoxy resins and the biological material make these resins not well compatible for immunocytochemistry. Nevertheless, owing to their fine structural preservation epoxy resins are an excellent embedding medium for high-resolution structural preservation and 3D analysis.
Embedding of Cryo-Fixed Cells
After cryo-immobilization, cells can be stored in liquid nitrogen (LN 2 ) or immediately further processed by means of freeze substitution (FS) ( Figure 1B ) (recently reviewed in [64] ). In this case, frozen cells are put into a mixture of cross-linking chemicals (such as aldehydes, OsO 4 , UA or tannic acid) with an organic solvent (acetone, ethanol or methanol) at temperatures around ¡90 ¥ C [65, 66] .
It has been also reported that membrane visibility can be improved by adding 1%-5% water to the substitution medium [67] .
Subsequently the embedding medium is introduced with the solvent, while the temperature is allowed to increase gradually. The initial polymerization of the resin is usually carried out at sub-zero temperatures. The idea behind this is that low temperatures tend to stabilize proteins during the removal of the solvent (i.e., water) minimizing putative dehydration effects [68] and thereby protecting proteins from denaturation. For this reason low viscosity resins (e.g., Lowicryl, LRWhite and LRGold resins) which enable infiltration at very low temperatures, are mostly used. These resins also have a low tendency to co-polymerize with the sample structure [69] and are able to preserve the fluorescence, and are therefore, mostly used for immunocytochemistry [70, 71] and correlative light electron microscopy (CLEM) [72, 73] studies. After complete infiltration of the resin, the final polymerization step can be induced at room temperature with UV light (360 nm).
Nonetheless, epoxy resins can be also used to embed freeze-substituted samples. In this case, the samples should be further dehydrated at room temperature after the substitution to be subsequently embedded and polymerized at high temperatures. In any case, long periods of infiltration are characteristic of the FS approach, which might be a practical disadvantage. However, shorter substitutions can be also carried out with satisfying results [67, 74, 75] .
For a comparative study about the use of different resins to embed cells for 3D-EM, please see a very recent report from Bruno Humbel's laboratory [76] .
Sectioning of Resin-Embedded Cells
In order to be analyzed by TEM, resin-embedded cells must be sectioned (Figure 3 ). This is due to the inability of the electrons to penetrate the entire embedded cell. To this aim the block face containing the embedded cells must be trimmed to a smaller area (regularly~200 ¢ 250 µm; note, however, that the size of the section is limited by the size of the 3.05 mm round standard EM grid and, therefore, the trimming could be made for a larger area when needed), which can then be sectioned with a diamond knife at an angle of 35 ¥ to minimize squeezing artifacts. Routine ultrathin sections (60-80 nm) are obtained and remain floating on the surface of the water shank of the diamond knife, from where they are collected onto an EM grid. Note that after acquiring the sections, they normally need to be contrasted before they can be visualized by TEM. The most commonly used methodology consists of post-staining grids with UA and lead salts [77] . However, when using the FS cocktail proposed by Walther and Ziegler [67] , due to their higher contrast, sections can be directly observed by TEM, without requirement for on-section staining. to its sectioning with a diamond knife equipped with a water shank; (B) The obtained ultrathin sections (60-80 nm, in yellow) float on the water surface from where the section ribbon can be mounted onto a formvar-coated EM grid; (C) After contrasting with heavy metals, the cell sections can be examined with a conventional transmission electron microscope (TEM) operated at accelerating voltages between 70-100 kV. In brief, an electron beam is generated (by a thermionic or a field emission gun) and accelerated under vacuum. The electrons are then transmitted through the cell sections. After passing through the specimen, scattered electrons are focused by electromagnetic lenses and magnified onto an imaging device such as a fluorescent screen or recorded with a digital camera (CCD, charged-coupled device, or a CMOS, complementary metal-oxide semiconductor). The diagram of the TEM-working principle shown on the right is adapted from Briggman and Bock [78] .
Resin-Free Processing of Cells
As stated before, the ultrastructural preservation of the cells is not only influenced by the method of fixation, but also by the subsequent processing steps (dehydration, infiltration and resin polymerization). As a consequence of the denaturing effects of these processing steps the structures are rarely preserved to the extent as they appear in vivo. To avoid these artifact-prone preparation procedures, the method of choice is the freezing or vitrification of the cells (described above) followed by their direct examination at very low temperatures by cryo-EM. However, due again to the limited penetration power of electrons, only the thin cell periphery of frozen cells can be visualized by standard cryo-EM [79] .
Alternatively frozen cells must be sectioned in order to be observed by TEM. Hence frozen-hydrated sections can be analyzed by the so-called cryo-electron microscopy of vitreous sections (CEMOVIS). In CEMOVIS high pressure-frozen specimens ( Figure 1B ) are cut into ultrathin sections, as described below for resin-embedded specimens (Figure 3 ), but at temperatures below ¡150 ¥ C (below the de-vitrification temperature to avoid sample damage). This technique was first started with the work of Fernandez-Moran [80] and was further improved among others by Dubochet and coworkers [22, 27, 81] , Frederik and coworkers [82] [83] [84] and Sitte [85] . More recently improvement of cryo-microtomy techniques have resulted in CEMOVIS as a much more accessible approach ( [86] , reviewed in [87] ), despite of its critical challenging aspects: obtaining good quality sections (without knife marks, crevasses or ripples, produced during sectioning) that remain attached to the EM grid [88] and its subsequent imaging at low temperatures and also low electron doses.
Methods to Study the 3D Architecture of Virus-Infected Cells
Obviously, the information that we can obtain from ultrathin sections of a certain region of interest (ROI) of an infected cell is limited. Since ultrathin sections with a common average size of 200 ¢ 250 µm contain normally the profiles of several cross-sectioned cells, this limitation can be overcome even by conventional TEM when analyzing intracellular events that occur with high frequency. Moreover, even in case of relatively low rates of infection it is possible to find infected cells among these cell profiles when the virus-induced phenotype is rather striking and known. However, interpreting the 3D organization of a structure from such 2D sections is difficult and most often leads to a "simplification" of much more complex structures [89] . Furthermore, depending how these objects are sectioned conflicting interpretations can arise [90] . Thus, for a correct interpretation of a 3D structure all components must be recognizable in the section [14] . Therefore, gaining access to the ultrastructural information contained in thick sections or -ideally-in the whole volume of an infected cell is essential.
Several approaches have been developed to gain 3D information of cellular structures by EM (Figure 4 ). In the following sections these approaches and their applications to study viral infection (summarized in Table 1) are described. * For a detailed description of the cell types please refer to the original publications. Plastic-EM methods are shown on the top, and cryo-EM methods on the bottom.
Electron Tomography (ET)
Description
The thickness of the section of virus-infected cells is a limiting factor, especially in case of small structures such as virions that are often difficult to find. To overcome this problem thicker sections (~300 nm) can be analyzed by means of electron tomography (ET) ( [146] [147] [148] ) ( Figures 4A and 5 ). Thicker sections (250-1000 nm, in pink) of virus-infected cells can be analyzed by means of electron tomography (ET) or scanning transmission electron microscopy (STEM) tomography using microscopes operated with voltages >100 kV. The sections are tilted relative to the incident electron beam in an automatic fashion with help of a goniometer. 2D projections of the same field of view are acquired every tilted angle, from which the cell volume is subsequently reconstructed in silico; (B) Following the same working principle, cryo-ET, cryo-STEM tomography or soft X-ray cryo-tomography can be applied to vitrified cells grown on EM grids. For this purpose, the microscope must be operated at very low temperatures and with low electron doses (in the case of cryo-ET and cryo-STEM tomography). Alternatively thick cryo-sections collected on an EM grid as in (A) can be analyzed by CETOVIS (see text for further details). The diagrams of the ET-working principle are adapted from Baumeister et al. [147] .
ET was first used to gain structural information on viral particles [149, 150] . It is based on the principle defined by Radon in his seminal paper of 1917 [151] : 3D information (a tomogram) can be retrieved from the projections of an object. The penetration depth of electrons through an object is directly correlated to the energy of the electrons and thus, the higher their accelerating voltage, the thicker the objects that can be analyzed [152] . Therefore the acquisition of tomograms requires not only a microscope equipped with a goniometer (that allows tilting the EM grid containing the sections by 60 ¥ -70 ¥ in either direction), but also requires high voltage microscopes (operated at 200-300 kV) ( Figure 5 ). The 2D projections of the objects obtained at different tilt angles are then reconstructed in silico to retrieve the 3D volume of the cell ( Figure 5 ). Tilting the specimen in only one orthogonal axis (single-axis tomography) results in the so-called missing-wedge information. To partially overcome this problem the specimen can be tilted around two orthogonal axes (dual-axis tomography). The two tomograms are then computed from each tilt series and combined with general 3D linear transformations that can correct for distortions between the two tomograms [153, 154] . Although this method does not allow gaining access from all the possible tilt angles, it reduces at least the missing-wedge to a missing-pyramid, resulting in a gain of 3D information.
Despite of being a very powerful and widely used technique, the information obtained through ET is from a small percentage of the whole cell volume. To obtain information from larger volumes, tomograms from consecutive sections can be joined (serial ET) [155, 156] (Figure 4C ). However, due to compression happening during sectioning or material collapse occurring during electron beam exposure [157] , which might lead to a loss of information within and between sections, reconstruction of a large volume from several tomograms is challenging. Other approaches may be used instead (see below).
Applications to the Study of Virus-Infected Cells
ET has become an important method for virologists and was used e.g., to visualize the remodeling of intracellular organelles and the distribution of virus particles within the host cell (reviewed in [158] ).
In fact, most of the literature pertains to the use of this approach ( Table 1 ). The bulk of these studies relates to virus-induced remodeling of cell membranes in order to build up their replication organelles, mostly positive-strand RNA viruses (reviewed in [159] ). An example of the ET analysis of HCV-induced replication factories is shown below ( Figure 6A ). [124] . On the left: digital slice derived from STEM tomography of 280 nm thick section; on the right: 3D surface rendering revealing that the membrane assembly region consists of an elaborate membrane network; (C) Serial sectioning of cytomegalovirus (CMV)-infected cells [50] . On the left: single micrograph (in X-Y direction) and image stack (slice through the Z-axis) of the assembly complex; on the right: cellular and viral structures were segmented on all 28 sections and superimposed on a single micrograph; (D) FIB-SEM of HIV-infected cells [133] . On the left: 2D FIB-SEM image of an HIV-1 chronically infected H9 cell (left) and an uninfected astrocyte (right), co-cultured for 24 h; on the right: 3D rendering of the FIB-SEM image stack containing the contact zone between the HIV-infected H9 cell and the astrocyte. The target cell extends long filopodial bridges towards the infected cell across the intercellular gap. HIV-1 virions are detected adjacent to the filopodial bridges; (E) Cryo-ET of Herpes Simplex Virus (HSV)-infected cells [138] . On the left: slice of the tomogram, showing secondary envelopment of capsids; on the right: 3D surface rendering of the whole tomogram, showing a capsid in close proximity to an enveloping vesicle. Asterisks: capsids; white arrow: enveloping vesicle; arrowhead: glycoproteins; black arrows: tegument; pm: plasma membrane. All these pictures are reproduced from the original publications with permission (see Acknowledgments).
Scanning Transmission Electron Microscopy (STEM) Tomography
Description
Apart from serial ET, another way of circumventing the limited thickness of ET is the use of Scanning Transmission Electron Microscopy (STEM) allowing the collection of tomographic datasets (Figures 4 and 5) . The main advantage of using the STEM modus is its scanning geometry that allows for dynamic focusing so that the imaging conditions are uniform across a tilted specimen [160] . Furthermore, its use for tomography of thick, plastic-embedded sections has revealed an improved signal-to-noise ratio (SNR) and far higher contrast over conventional TEM tomography [161] [162] [163] [164] .
By means of STEM tomography specimens up to 1 µm can be examined [164] [165] [166] (Figure 4B ). However, since the total thickness of a cell is 10-20 µm or more, the information retrieved from 1 µm thick sections is still quite limited.
Applications to the Study of Virus-Infected Cells
This approach is ideal for the study of large cellular organelles or viruses, which size exceeds the thickness achieved by conventional ET. Thus, STEM tomography has been applied to the study of large dsDNA viruses, like the giant Mimivirus [124] ( Figure 6B , Table 1 ), as well as to dissect the 3D architecture of the viral factories induced by African Swine Fever Virus (ASFV) [123] or Paramecium Bursaria Chlorella Virus 1 (PBCV-1) [125] (Table 1) .
Serial Sectioning
Description
The thickness limitations of the above-described methods can be overcome by analyzing consecutive thin sections (serial sections) of cells. Serial sectioning, in use since 1958 [167] , can be performed to the entire cell volume and provide, therefore, information about its architecture. It has the main advantage that it does not need special equipment, being practicable at any EM facility ( Figure 4D ). However it requires well-trained personnel and patience to acquire a long ribbon of sections of the cell of interest, without losing a single section. Micrographs obtained either by TEM or scanning EM (SEM) must be taken from every section and be aligned to obtain a stack of images ( Figure 7 ). This technique can be also applied to study the anatomy of relatively large organisms like nematodes. Hence, as a result of the reconstruction of about 8000 or more than 3000 micrographs [168, 169] , respectively, the structure of the worm nervous system was successfully attained.
A similar method, called array tomography has been developed in which arrays of serial ultrathin sections collected in glass slides are first fluorescently labeled (with antibodies or stains) and subsequently imaged by confocal microscopy to get a 3D distribution of antigens [170] . Interestingly the array can be repeatedly eluted, re-stained and imaged again to assess the distribution of other antigens. Finally it can be stained with heavy metals and analyzed under a SEM microscope. This combination method allows the correlation of volumetric imaging of antigens with ultrastructural imaging.
The main drawback of this technique, however, is discontinuities between two consecutive sections due to compression artifacts generated by the sectioning or more dramatically the loss of sections. Furthermore, these distortions of sections occurring during cutting, staining and imaging [171, 172] hinder the subsequent alignment step, resulting in a poor resolution in the Z-plane.
To avoid the laborious and prone to errors manual sectioning, sections can be collected automatically for SEM imaging on electron-opaque plastic tapes (ATUM, automatic tape-collecting ultramicrotome) [173] . Subsequently images of ATUM sections can be also taken in an automatic manner [174] , allowing for high throughput image acquisition. ATUM-SEM allows to reliably cut thousands of sections as thin as 30 nm. , respectively. Generated micrographs are aligned to obtain a z-stack of this cell. Note also that the same principle is used to join tomograms obtained by serial-ET.
Applications to the Study of Virus-Infected Cells
Although labour intensive, manual serial sectioning has been used to study virus-infected cells by means of TEM (described in [175, 176] ), including vaccinia virus, bunyavirus, HCV, cytomegalovirus, reovirus and a plant virus (Table 1) . Thus, the distribution of envelopment events within the human cytomegalovirus (HCMV)-induced assembly complexes could be visualized using this technique [50] . To this aim a total of 28 sections with a thickness of 100 nm were imaged, leading to a total volume of 2.8 µm ( Figure 6C ). Another example relates to a plant virus [130] : 105 sections (with 80 nm thickness; a total of 8.4 µm) of cells containing cylindrical inclusions (CIs) revealed that these structures form long tubes throughout the cytosol.
Furthermore, serial sections of Varicella-zoster (VZV)-infected cells have been analyzed by SEM [127] , which allowed the reconstruction of a total nuclear volume of 291 µm 3 from a ribbon of 82 consecutive serial sections with a 100 nm thickness.
Serial Block Face (SBF) and Focus Ion Beam (FIB)-Scanning Electron Microscopy (SEM)
Description
Creating reconstructions of cells from sections whose thicknesses exceed the limit of the penetrating power of TEM can be overcome by the use of a scanning electron microscope (SEM) to collect information of the block face upon removal of very thin sections ( Figure 4E ). The working principle of these approaches is the same as with serial sectioning. However, in contrast to serial sectioning, with Serial Block Face-SEM (SBEM, formerly called SBF-SEM by W. Denk [177] ) and Focus Ion Beam (FIB)-SEM ( Figure 8 ) the sectioning is integrated inside the SEM microscope and carried out in a fully automated manner with the help of a diamond knife [177] or a focused ion beam ( [178, 179] , and others), respectively, that act as nano-scalpels. Once a thin slice is made (3-50 nm) the block face is imaged with SEM using low accelerating voltage. In this SEM technique, backscattered electron detection is normally used to specifically view heavy metal-stained cellular components. However, it has been recently shown that the resolution of this approach is considerably improved when a secondary electron signal is used [180] .
Figure 8. Principle of Focus Ion Beam (FIB)-Scanning Electron Microscopy (SEM)
. Epon blocks containing the embedded cells are mounted on SEM stubs with silver paint. First a trench is milled with the FIB, generating a cross-section into the epon block. Subsequently the newly generated block face is milled (with the FIB, blue), resulting in the removal of a thin layer (as small as 3 nm; [181] ) and imaged (with the SEM, pink) in a sequential manner. This process is repeated automatically as long as needed to obtain a tomographic dataset. Further details about this method can be found in the main text.
After each image is taken, a new thin slice is removed from the block face that is again imaged. The sequential "slicing and imaging" process can be repeated ad libitum allowing to produce a stack of images that can be computationally combined into a 3D reconstruction [182] (Figure 8 ). The lack of compression artifacts allows a more accurate merging of sequential images to obtain large datasets. After contrast reversal the images look similar to traditional TEM micrographs.
The cells can be prepared as for TEM. Note only that for FIB-SEM harder and more stable resins like Durcupan are recommended, to prevent damage of the sample while slicing with the powerful ion beam. An improved protocol for cell preparation to be analyzed in this way has been recently published [183] . The embedded cells must be subsequently trimmed and mounted on a SEM specimen stub with silver paint (Figure 8 ). Finally, due to the non-conductive nature of biological cells, the whole specimen must be platinum or gold alloy coated to improve conductivity.
In comparison with the cumbersome manual acquisition of serial sections, these approaches are far less laborious. The Z-resolution of these techniques is defined by the thickness of the slices, which represents a pitfall in the case of SBEM. However, recent developments in the FIB-SEM field allow imaging larger field of views and a section thickness of 3 nm [181] allowing the Z-resolution of FIB-SEM to approach that of ET. Furthermore, the dual beam instrument permits targeted, site-specific imaging, which makes it ideal for correlative microscopy approaches.
However, FIB-SEM has also some limitations: it requires a quite expensive specialized instrument and the sections cannot be re-examined again. Furthermore, processes like charging and electron beam damage can result in unsuccessful imaging of the surface of interest [179] .
Applications to the Study of Virus-Infected Cells
To our knowledge, SBEM has not been applied yet to the study of viral infection. However, FIB-SEM, also called Ion Abrasion (IA)-SEM, has been extensively employed for the study of HIV release and spread ( Figure 6D ) [131] [132] [133] and, more recently, also to the study of a chlorovirus [125] ( Table 1) .
Cryo-Methods
An alternative to the analysis of resin-embedded cells (plastic-EM) is the analysis of unstained, frozen-hydrated cells (cryo-EM), in which the contrast is formed exclusively by the density of the biological material itself [184, 185] (Figure 4) . However, vitrified specimens have low inherent contrast (that can be partially overcome with the use of better detectors) and are electron-dose sensitive. Due to these challenging aspects, cryo-EM is not as widely used as plastic-EM, but in returns yields datasets with very high resolution, disclosing molecular details of the cellular landscape.
Cryo-Electron Tomography of Vitreous Sections (CETOVIS)
As for resin-embedded cells, thick sections of frozen cells can be collected on a grid and subsequently analyzed by ET. This technique, known as CETOVIS (cryo-electron tomography of vitreous sections) or TOVIS (tomography of vitreous sections), was first successfully used in 2002 ( [186] [187] [188] [189] [190] ) ( Figure 4F ).
Cryo-ultramicrotomy has shown its capability in producing samples of vitrified cells and tissues for visualization by cryo-TEM and tomography [191] [192] [193] . However, sectioning at cryogenic temperatures is notoriously difficult and artifact-prone: sections inevitably suffer from adverse distortions caused by the harsh mechanical interactions of a diamond knife and a moving specimen block during the cutting process [194] . These technical limitations have prevented both CETOVIS, but also CEMOVIS (described above) from becoming more commonly used approaches [195] .
Cryo-FIB
Cryo-FIB represents an emerging alternative technique for "thinning" frozen biological specimens without the above mentioned limitations of cryo-ultramicrotomy [196] . Thus it has been recently shown that cryo-FIB milling of frozen (both plunge and high pressure frozen) cells can produce homogeneously thin (200-500 nm), distortion free lamellae for cryo-electron tomography (CET) [197] [198] [199] (Figure 4G ).
Cryo-ET (CET)
CET, following the same working principle as plastic-ET, can be applied to entire vitrified cells ( Figure 5B ), avoiding the arduous cutting step (reviewed in [147, 187, 200] ). CET is routinely performed with plunge frozen cells [27] (Figure 4H ). Although this enables in theory the analysis of the whole cell volume, CET can only be applied to specimen areas with a maximal thickness of~1 µm, the penetration limit of electrons [148] . Therefore though many organelles and subcellular structures can be imaged directly in plunge-frozen adherent cells, in practice it is restricted to visualize the thin edges of the cell.
After its first use in 2007 to address structural details of pathogen-host cell interaction [134] , several virological studies based on this method have been reported (reviewed in [201] ) (Table 1) with the herpesvirus life cycle being the most comprehensively studied [202] . One example is the study of the envelopment of Herpes Simplex Virus (HSV) particles [138] (Figure 6E ).
3.5.4. Cryo-STEM Tomography STEM tomography, as described many years ago already, can be also applied to unstained vitrified specimens [203, 204] . As for standard STEM tomography (described above), the increase in acceptable specimen thickness of cryo-STEM tomography (also called CSTET) broadens its applicability ( Figure 4I ).
Due to the weak electron scattering properties of light elements, the main components of biological, unstained vitrified specimens are, in principle, not the ideal candidates for STEM imaging. However, scattering is not so much weak as directed to low angles, and the spot scanning of STEM can be turned into an advantage regarding sample damage [205] . Thus this approach provides information from 600 nm frozen eukaryotic cells with a microscope operated at 200 kV [206] . Working with higher voltage microscopes should then enable the analysis of even thicker samples.
As stated by Wolf and colleagues [206] apart from the shared advantages with STEM tomography of resin-embedded samples (described above), one of the main practical advantages of CSTET in comparison to CET is the lack of a need for defocusing to generate contrast, thus eliminating the ensuing complications.
3.5.5. Soft X-ray Cryo-Tomography To observe thicker samples under cryo-conditions without the need to generate sections, soft X-ray cryo-tomography can be also used ( [207] , reviewed in [208] ). It is a powerful method that takes advantage of the high penetration power of X-rays (up to 10 µm) [209, 210] without using any fixative or contrasting reagent [211, 212] (Figure 4J ). Its intermediate resolution (typically of the order of 50 nm, between light and electron microscopy) [213, 214] in comparison with the high resolution of cryo-ET, has limited its use when fine ultrastructural details are needed. However, 15 nm spatial resolution has been already attained with this method [215] .
This technique has provided further insights into the Vaccinia virus and Herpesvirus infection cycles [90, 145] (Table 1). 3.5.6. Cryo FIB-SEM FIB-milling can be also used (as for resin-embedded cells, described above) for serial block imaging of (high-pressure)-frozen hydrated specimens in the SEM, generating large volume data for 3D analysis in an automated fashion [216] (Figure 4K ). The lack of compression artifacts associated with cutting allows a more accurate merging of sequential images to get large datasets. Another advantage of this method, a common feature to all the approaches described above with the exception of CETOVIS, is its speed: imaging can start immediately after freezing. However, it is important to keep in mind that prolonged electron beam irradiation should be avoided to prevent modifications occurring on the sample surface.
Given the challenging aspects of these cryo-methods, to our knowledge only CET and X-ray cryo-tomography have been used so far to study virus-infected cells (Table 1) .
Conclusions and Future Perspectives
3D-EM-based techniques follow the same principle: cells are "chopped" into sections of different thickness from which we obtain a number of 2D projections that are assembled into a 3D reconstruction of the biological object. Exceptions are cryo-ET and soft X-ray cryo-tomography, where entire cells are imaged, although limited to thin areas. In this regard, most of the methods described here are semi-destructive methods (e.g., ET, STEM tomography, serial sectioning), because the sections can be analyzed again at a later time point (e.g., at different magnifications or with another type of microscope) or even further used for immunocytochemical studies (serial sectioning), with the exception of SBEM or FIB-SEM, in which the slices are completely destroyed. However, the major advantage of the destructive sequential methods is that they do not suffer from warping, folding or loss of sections that can significantly affect the data quality and its subsequent analysis.
Foremost among the recent studies are those based on ET, which are increasingly used to elucidate the 3D architecture of virus-infected cells. FIB-SEM represents the most modern technique, although resolution in the Z-plane is still lower than with ET. However, the possibility to reconstruct complete cell volumes in an automatic manner provides unprecedented insights into the morphology of inter-cellular contacts as well as large cell organelles and their remodeling upon virus infection.
An important present/future direction is the use of multiple techniques to analyze the same sample. Thus, correlative light electron microscopy (CLEM) bridges the gap between light and electron microscopy. In this way information gained by fluorescence microscopy, such as colocalization of distinct proteins or rare events occurring in cells can be visualized by EM with high resolution, thus revealing the underlying subcellular structures. Furthermore, with EM we gain access to the so-called "space reference", i.e., not only the fluorescently labeled proteins are observed, but also their neighboring structures and even the whole cell. For all these reasons, CLEM is already an essential approach not only for virologists (e.g., [20, 217] ), but for cell biology in general (reviewed for example in [208, [218] [219] [220] [221] ).
Along these lines, a recent multimodal approach named COIN (correlation optical and isotopic nanoscopy) combines three different imaging techniques: super-resolution microscopy, nano-SIMS (Secondary Ion Mass Spectrometry) [222] and EM, to provide information about the isotopic composition of many organelles and subcellular structures [223] .
Furthermore, recent strides of cryo-EM (the so-called molecular microscopy) have shown that the molecular architecture of complexes can be resolved in their natural cellular environment, devoid of staining and chemical fixation artifacts. If multiple copies of these complexes are present the individual subvolumes containing them can be computationally averaged to improve the resolution to 2 nm (recently reviewed by [224, 225] ). Furthermore, in combination with advanced computational methods, such as molecular identification based on pattern recognition techniques [226, 227] , cryo-EM is currently the most promising approach to comprehensively map the macromolecular architecture of proteins or proteins assemblies (attained by X-ray crystallography or nuclear magnetic resonance -NMR-spectroscopy) inside the cryo-EM cellular tomograms (reviewed by [228] ).
In spite of all these advancements, the main drawback of EM is its inability to study the dynamics of biological processes. As we have described in this review, cells must be fixed in order to be examined in the vacuum atmosphere of an electron microscope. However, some progress has been made towards observing the ultrastructure of living cells by means of in situ or environmental TEM. With this technique, cells can be examined in their native liquid environment (reviewed in [229, 230] . For instance, by using this technique it has been possible to observe the assembly of rotavirus particles in a microfluidic platform [231] . The main advantage of this approach is that it circumvents the need for a dried, electron-conductive atmosphere. Although one of the inherent limitations of in situ TEM is that motion of the cells or viral particles in solution results in poor structural resolution [231] , live cells engulfing nanoparticles have already been observed with this novel technique [232] . Therefore, we remain optimistic that EM-based methods providing time-resolved 3D information will become available in the not too distant future.
